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Abstract

The contribution of histone-DNA interactions to nucleosome positioning in vivo is currently 
a matter of debate. We argue here that certain nucleosome positions, often in promoter 
regions, in yeast may be, at least in part, specified by the DNA sequence. In contrast other 
positions may be poorly specified. Positioning thus has both statistical and DNA-determined 
components. We further argue that the relative affinity of the octamer for different DNA 
sequences can vary and therefore the interaction of histones with the DNA is a ‘tunable’ 
property.

Introduction

Both in vitro and in vivo the histone octamer can form nucleosomes on a wide 
spectrum of DNA sequences, independent of base composition. It thus lacks 
the base-specific sequence selectivity typical of transcription factors. Yet both  
in vitro and in vivo the octamer adopt a rather precise position on a given DNA 
sequence (1-10). Importantly in vivo histones are essential participants in gene 
regulation (11, 12). The in vitro data argue strongly that precise positioning is 
a consequence of selection by histone-DNA interactions but defining the role, 
if any, of these interactions in vivo has proved elusive. A particular problem 
is the finding that in vivo the same DNA sequence can accommodate different 
nucleosome spacings, and hence different positions, not only in different tis-
sues of the same organism (13, 14) but also when DNA from one organism 
is transferred to another (15, 16). These observations indicate that the DNA 
sequence by itself need not specify a unique nucleosome array and that in vivo 
the organisation of nucleosomes may be determined by mechanisms other than 
direct histone-DNA interactions.

The structure of the nucleosome core particle

If histone-DNA interactions are strong determinants of positioning the nature of 
these determinants should be apparent in the structure of the nucleosome core par-
ticle and in the octamer itself. The detailed crystal structures of a nucleosome core 
particle assembled in vitro on a DNA palindrome derived from α-satellite DNA 
revealed that the DNA was wrapped around octamer in ~1.63 left-handed superhe-
lical turns (17, 18), similar to the value deduced from a low-resolution structure of 
core particles isolated from chicken erythrocyte chromatin (19). The tight wrapping 
is confined to the central 12 double-helical turns in which, on average, the DNA 
is bent by ~49° /double helical turn. Put another way, ~123 bp of DNA are bent 
by 590° where, by comparison, the persistence length of mixed-sequence B-form 
DNA in solution is ~140-150 bp (20-26). 
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The tight wrapping of DNA around the histone octamer is facilitated by certain 
physicochemical properties of the polymer. One such is anisotropic flexibility (aka 
anisotropic bendability or deformability), first proposed by Zhurkin (27) and Tri-
fonov (28). This is essentially a geometric property which favours the adoption of 
DNA trajectory that not only, for a nucleosome, conforms to the superhelical path 
of the DNA on the surface of the histone octamer but also disfavours other trajecto-
ries. Such anisotropic deformability can be conferred by the occurrence of certain 
short DNA sequences in helical phase (29-32) or by intrinsic curvature dependent 
upon phased oligo(dA)(dT) tracts (33, 34). The short sequences facilitate tight 
bending by enabling the distortion of DNA such that the grooves close to the sur-
face of the octamer are compressed while those facing the solvent are widened. 
These preferences are reflected in the periodic distributions of the AA/TT and GC 
dinucleotides in chicken erythrocytes core nucleosomal DNA sequences (30). In 
this set of sequences the AA/TT base-step occurs preferentially where the minor 
groove is in contact with the octamer, i.e., on the inside of the DNA bend, and 
GC and other G/C-containing base steps occurs preferentially where the minor 
groove points away from the octamer. This pattern is characteristic of at least 
the outer 6 double-helical turns of the nucleosomal DNA and confers directional 
bending, i.e., the pattern defines the orientation or rotational positioning of DNA on 
the histone octamer. Similar sequence preferences are associated with tight bend-
ing induced by CRP, FIS, Tn3 resolvase and the BPV E4 protein (35-38). How-
ever, around the midpoint of the chicken erythrocyte sequences, corresponding to a  
position where the minor groove points away from the octamer, the periodic phase 
of the AA/TT and GC dinucleotides is opposite to that in the outer six turns on 
each side, leading to the suggestion that this singularity constituted a translational 
positioning signal (39).

The bending preferences conferred by short nucleotide sequences can be directly 
related to their preferred conformations. A/T containing sequences, especially 
those containing sequences such as AA/TT and AAA/TTT can preferentially adopt 
a conformation with a narrow minor groove (40-43). It is this preferred morphology 
that determines the preferred orientation of these sequences in bent DNA. Con-
versely widening of the minor groove is energetically unfavourable. Similarly G/C 
containing sequences can, in crystal structures preferentially adopt a conformation 
with a wide minor groove (42-45). Because of the tight curvature of nucleosomal 
DNA the narrowing of the minor groove to ~3 Å at the contacts with the histone 
octamer is disfavoured by exocyclic groups, notably the purine 2-amino group, that 
protrude into the minor groove and likely hinder groove compression (46). The 
electrostatic potential of the narrow minor groove of A/T containing sequences also 
favours the binding of arginine residues at inward-facing minor grooves around 
the histone octamer (43). These observations imply that the periodic modulation of 
di- and tri-nucleotide frequencies results from the preferential exclusion of these 
sequences from disfavoured rotational orientations.

Although the sequence dependent bending preferences of DNA are likely impor-
tant determinants of positional preferences, another determinant of affinity is the 
flexibility of DNA (47). This parameter is essentially the inverse of the persistence 
length and is a determinant of the deformation energy required for tight wrapping. 
While flexibillity per se does not contain positional information it may affect posi-
tioning indirectly by distinguishing sequences with similar anisotropic bending 
preferences. Thus intrinsically curved DNA sequences, such as those conferring 
phased runs of oligo(dA)(dT), are inherently more rigid than isotropically bend-
able sequences of high flexibility (48), such as oligo(dAT)(dAT), and consequently 
occupy a smaller region of configurational space. Consequently the entropic pen-
alty on binding to the octamer would be greater for a highly flexible, isotropically 
bendable sequence than it would be for an anisotropically deformable sequence. 
Although intrinsic curvature can undoubtedly influence the affinity of the octamer 
for DNA (33, 47, 49) the relative contributions of flexibility and anisotropic 
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deformability to octamer binding will be determined by the local thermodynamics 
of nucleosome organisation.

Variation in positioning signals

Although the nature of the sequence-dependence of DNA bending is well estab-
lished the optimum organization of short sequences conferring anisotropic deform-
ability in octamer binding sites is less clear (50). Variation has been reported in the 
sequence and structural periodicities in nucleosomal DNA, while sequences associ-
ated with well-positioned octamers in yeast differ in character from strong position-
ing sequences selected by in vitro reconstitution of nucleosomes (3, 51-53). This 
apparent variation can be attributed to two factors - differences in sampling proce-
dures that result in the analysis of differing sets of nucleosomal DNA sequences and 
intrinsic differences in the DNA sequences associated with the histone octamer.

Analysis of different sets of budding yeast nucleosomal DNA sequences identi-
fied by parallel sequencing and by partial micrococcal nuclease (MNase) cleavage 
reveal differences in sequence organization. Whereas one set of sequences identi-
fied by parallel sequencing is enriched in G/C containing sequences at the mid-
point (10) another such set, together with that identified by partial MNase cleavage 
are enriched in A/T containing sequences at the midpoint (9, 51). Again, while 
nucleosome core sequences isolated from chicken erythrocytes are enriched in A/T 
sequences at the centre those isolated from chromatosomes from the same source 
do not (29, 54). Similarly, preferred octamer sequences identified by reconstitu-
tion in vitro also differ. The commonly-used salt dilution protocol at low octamer 
concentration selects sequences with a G/C rich midpoint and strong periodicities 
of A/T- and G/C-rich short sequences (3, 52, 53). In contrast, octamer-binding 
sequences selected on the ovine β-lactoglobulin gene, lack a strong A/T periodicity 
and instead contain GG/CC and CC/GG (defined with respect to the same DNA 
strand) periodicities in opposite phases (55). Since there is no reason to doubt that 
the collated sequences are derived from nucleosomes, the observed differences in 
preferred sequence organisation could likely arise from differences in sampling 
procedures and/or from intrinsic differences.

Different sampling procedures can potentially identify different sets of nucleosome-
associated DNA sequences. Initially nucleosome positions in chromatin were 
mapped by a method in which partial micrococcal nuclease (MNase) digestion 
of chromatin was followed by location of the preferred cleavage sites by indirect 
end labeling (5-8). A related method uses copper-o-phenanthroline (56), which 
like MNase preferentially cleaves untwisted DNA but lacks the specificity for A-T 
base-pairs (57). This method assumes that MNase principally, but not necessar-
ily exclusively, cleaves DNA in chromatin in the linker between nucleosomes. 
The resulting cleavage pattern is then interpreted as defining a preferred array of 
nucleosome positions. The major drawbacks of this method are that in general it 
can only be applied to a limited region (up to 7-10 kb (58)) of DNA and that the 
nucleosome positions are identified by the length of DNA protected and not, in 
general, by positive identification of the associated histones.

More recently high-throughput methods have been applied to the organization of 
genomic positioning patterns (for reviews see refs. 49, 59-62). All these studies 
first isolate core nucleosome particles by limit MNase digestion followed in some 
cases by immunoprecipitation of particular populations and then analyse the asso-
ciated DNA either by tiling arrays (63-65) or by parallel sequencing (9, 10, 53, 
66, 67) The data from tiling array analysis provides a quantitative estimate of the 
probability of a given DNA sequence being contained within a nucleosome. These 
data are then further processed by Hidden Markov Model methods to identify 
preferred positions. The resolution of this method depends on the density of the 
tiling array used. In contrast parallel sequencing directly provides the sequences of 
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DNA molecules associated with the isolated core nucleosomes. By mapping these 
sequences onto genomic DNA preferred nucleosome positions can be identified. 
Ideally parallel sequencing in principle provides a means for mapping the relative 
occupancy of all occupied nucleosome positions on genomic DNA.

The coverage of the genomic position maps obtained by the tiling array and parallel 
sequencing methods is comparable and for many loci there is impressive agree-
ment between the two methods. But there are also loci where there is significant 
disagreement both between the high throughput methods and between one or other 
of these methods and the partial MNase method (50). For example, at some yeast 
loci different studies identify different nucleosome arrays (for example refs. 9, 10) 
or different average nucleosome spacings (for example: refs 9, 65, 68 at the URA3 
locus). Again mismatches occur between parallel sequencing studies and partial 
MNase cleavage studies. While some of the mismatches observed may simply 
result from a lack of resolution resulting from, for example, the averaging of a rela-
tively poorly positioned – or ‘fuzzy’’ – nucleosome, this consideration is unlikely 
to be the explanation for different studies identifying differently phased arrays at 
the same locus.

The disagreements between different methods, although limited, raise the issue of 
how representative the identified populations of nucleosomes are in relation to the 
actual population in chromatin. This issue is important because estimates of abso-
lute nucleosome occupancy at a given position require that the analysed popula-
tion be entirely representative. Another measure of whether different studies isolate 
equivalent populations is DNA sequence organization. While tiling array studies 
cannot be assessed for this parameter, both the partial MNase digestion and parallel 
sequencing methods can. When the populations of nucleosome positions identified 
in different studies are compared striking differences in the occurrence of A/T con-
taining (AA,AT,TA,TT) and G/C containing (CC,CG,GC,GG) dinucleotides at the 
sequence midpoint – presumed to correspond approximately to the structural dyad –  
become apparent (50). Whereas the yeast nucleosomes analysed by the parallel 
sequencing studies of Field et al., (10) and Kaplan et al., (53) are enriched in G/C 
containing dinucleotides at the midpoint those analysed by the parallel sequenc-
ing studies of Albert et al., (66) and Mavrich et al., (9) are both enriched in A/T 
containing dinucleotides at the same position (50). By the criterion of sequence 
organization these two sets of populations are, on average, not equivalent. The 
yeast nucleosomes identified by partial MNase digestion, albeit a much smaller set, 
are even more enriched in A/T-containing dinucleotides at the midpoint, the aver-
age A/T content at this position being 73% compared with the genomic content of 
62% (51).

The differences in average A/T content at the midpoint between sequences obtained 
by partial and limit MNase digestion could simply result from the genomic limit 
MNase digestion analyses sampling a far larger set of nucleosomal DNA sequences. 
However, another possible explanation is that the sequence variations are a conse-
quence of procedural differences. In particular, whereas partial MNase digestion 
identifies the location of presumed nucleosomes in a preferred array, all the other 
methods involve limit digestion to core nucleosomes. For the isolated populations 
to be wholly representative of in vivo chromatin these latter studies all require the 
implicit assumption that during isolation MNase cleavage either occurs only exte-
rior to core nucleosomal DNA or, that any internal cleavage within core DNA 
is essentially random. However, since MNase cleavage is highly sequence selec-
tive (69-71), with preferred cutting at the TA dinucleotide (10, 71), any internal 
cleavage by this enzyme would potentially bias the population of nucleosomes iso-
lated (72) and also the population of DNA molecules sequenced. Even if a core 
nucleosome particle containing internally cleaved DNA were isolated the associ-
ated DNA would be shorter than full-length nucleosomal DNA and its sequence 
would not necessarily be incorporated into a database requiring full-length reads. 
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Differences in the frequency of A/T and G/C containing dinucleotides at the mid-
points of sets of sequences obtained by the parallel sequencing could thus be 
potentially explained simply by differences in the extent of treatment with MNase 
during the initial isolation of core nucleosome particles. Indeed an early study of 
the sequences of chicken erythrocyte core nucleosomal DNA noted that the TA 
dinucleotide, and not other dinucleotides, was significantly depleted, relative to 
genomic DNA, in the sequences isolated (30). Although studies routinely control 
for the sequence selectivity of MNase cleavage at the ends of nucleosomal DNA 
(9, 10) there is no good experimental measure of the extent of internal cleavage in 
any population of isolated nucleosomes. A recent study comparing nucleosomal 
DNA sequences isolated from chromatin with different extents of MNase digestion 
found that some nucleosomes, notably those in the nucleosome-depleted regions of 
promoter regions, are particularly sensitive to internal cleavage by MNase while 
others are relatively resistant (73). This finding accords with the observation that 
the central region of DNA from promoter nucleosomes identified by partial MNase 
cleavage is enriched in TA, a preferred site for MNase cleavage (50). A further 
potential complication is that nucleosomes may change their positions during 
extensive MNase digestion.

However, not all described differences in the organisation of nucleosomal DNA 
can be ascribed to differences in sampling. First the nature of the short sequences 
determining the trajectory is variable. In contrast to periodic repetition of the AA/
TT and GC base-steps found in chicken and yeast nucleosomal DNA (10, 30), 
sequences identified by reconstitution of nucleosomes on ovine DNA do not, on 
average, exhibit a strong periodic occurrence of AA/TT but instead exhibit peri-
odic occurrences of GG/CC and CC/GG in opposite phases (55). A major differ-
ence between AA/TT and GG/CC is that whereas the AA/TT step in protein-DNA 
complexes has a small or negative roll angle, GG/CC can adopt both positive roll/
negative slide and negative roll/positive slide configurations (42). These different 
geometries are important since when AA/TT is placed where the minor groove 
points in towards the octamer it will, in conjunction with GC in the opposite rota-
tional orientation, confer a planar bend on the DNA. In contrast the preferred con-
figuration for the roll/slide combination is a superhelix (74). This property was 
first noted by Tolstorukov et al., (74) for the TA base-step which is preferentially 
located where the minor groove faces the octamer in high-affinity octamer binding 
sequences selected in vitro (52). The finding that geometrically distinct types of 
sequence can direct binding to the octamer raises the issue as to whether the DNA 
can adopt different trajectories under different assembly conditions. On present 
evidence this cannot be excluded. Nevertheless it should be noted that the short 
sequences with a preferred high slide geometry are more typically observed when 
sequences are selected in vitro using octamers from higher eukaryotes.

Another intrinsic variable is the structural periodicity of nucleosomal DNA which 
has been directly determined from crystal structures (17, 75) and also from the pat-
tern of pyrimidine dimers formed from pyrimidine-pyrimidine base-steps by UV-
irradiation of chromatin or isolated NCPs (76). The DNA periodicities in crystal 
structures of the core nucleosome containing 145, 146 and 147 bp of DNA are 
respectively 10.15, 10.23 and 10.3 bp (17, 75, 77). This variation is accomplished 
by keeping the number of double-helical turns constant while incorporating addi-
tional DNA base-pairs into ‘stretched’ double-helical turns containing 11 instead 
of 10 base-pairs. These values are close to the average value of 10.3±0.1 bp for the 
periodicity of pyrimidine dimers. 

In contrast to crystal structures the periodicity values obtained from compilations of 
sequences associated with both core nucleosomes and chromatosomes are average 
values for the whole population and do not necessarily reflect that in any particular 
sequence. These sequence periodicities are generally, but not always, characterised 
by regular modulations in the frequency of occurrence of A/T and G/C containing 
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di- or tri-nucleotides in opposite phases. The periodicity is usually interpreted as the 
surface helical repeat of the wrapped DNA (29, 30, 78) and, in principle, is equiv-
alent to the structural repeat measured from crystal structures. For nucleosomal 
DNA sequences from chicken erythrocyte core particles the average sequence peri-
odicity is ~10.2-10.25 bp (30), again in good agreement with the crystal structures 
and also with the DNase I digestion profile of core particles of similar provenance 
(79). However this average value conceals variation of periodicities for different 
short sequences. For example while the AAA/TTT trinucleotide associated with 
an inward-facing minor groove has an average periodicity of 10.31 bp that of the 
GGC/GCC trinucleotide has an average periodicity of 10.15 bp. The correlation of 
periodicity with base-composition is also observed in other compilations with A/T-
containing di- and tri-nucleotides invariably exhibiting a higher periodicity than the 
corresponding G/C-containing dinucleotides (Table). This effect is apparently inde-
pendent of the rotational orientation of the short sequences since in core particles 
reconstituted on ovine DNA the dinucleotides GG/CC and CC/GG have the same 
periodicity but opposite rotational orientations (54). In general only a small num-
ber of the 26-28 optimal rotational positions in a given natural octamer-associated 
sequence contain DNA-bending signals. Thus a possible explanation for a differ-
ence in AA/TT and GC periodicities would be that because A/T-rich sequences are 
more readily untwisted than G/C-rich sequences there would be a slightly greater 
frequency of ‘stretched’ double-helical turns between tight histone-DNA contacts. 
This would result in a higher periodicity. In this situation the sequence periodicities 
of individual sequences could differ from each other. The variation in observed 
periodicities also suggests that octamer-bound DNA sequences from chromatin 
preparations containing linker histone may have a slightly lower periodicity and 
consequently the DNA exit and entry trajectories could differ from those of core 
particles. While two analyses agree that the periodic occurrence of the AA/TT and 
TT/AA base-steps exhibit the same phase (80, 81), other studies, based initially on 
a library of nucleosomal DNA sequences from different sources and subsequently 
on the analysis of genomic nucleosome positions in Caenorhabditis elegans, find 
that the periodic occurrences of AA/TT and TT/AA have opposite phases with 
a periodicity of 10.4 bp (82, 83). This finding was coupled to the identification 
of a consensus sequence repeat, YYYYYRRRR, in nucleosomal DNA where the 
YR step is positioned, on average, where the minor groove points away from the 
histone octamer. Thus, in this analysis, the phases of AA/TT and TT/AA differ by 
±90° from the common phase determined in other analyses of nucleosomal DNA 
sequences.

Table
Reported periodicities of nucleosomal DNA

Reference Dominant periodicity values Material and/or region of nucleosomal DNA considered

Sequence periodicities:
Satchwell et al., 1986 (30) 10.15 (GGC) - 10.31 (AAA) bp chicken NCP, isolation involves exposure to 0.6 M NaCl
Satchwell & Travers,1989 (119) 9.80 (GC) - 10.15 (AA/TT) bp chicken dinucleosomes with linker histone - low salt isolation
Muyldermans & Travers, 1994 (54) 9.90 (GGC) - 10.20 (AAA) bp chicken chromatosomes - low salt isolation 
Fraser et al,, 2009 (55) 9.90 (GG/CC, CC/GG) bp salt dilution in vitro reconstitution on ovine DNA
Thastrom et al., 2004 (52) 10.14 (TA) bp SELEX using salt dilution in vitro reconstitution (periodicity  

value for central 7 turns)

Structural periodicities: 
Klug & Lutter, 1981 (79) ~10.3 bp DNase I cleavage periodicity of chicken NCP
Gale et al., 1986 (76) 10.3±0.1 bp soluble chromatin – with and without linker histone  

(mean minor groove out periodicity)
Davey et al., 2002 (75) 10.15-10.30 bp crystal structures for NCPs containining 145-147 bp
Richmond & Davey, 2003 (18) 10.28 bp central 7 turns from high resolution structure of NCP

Dominant periodicity values refer to the di- or tri-nucleotides with the highest amplitudes of periodic modulation. NCP, nucleosome core  
particle(s). If no DNA region is specified the calculated periodicity includes all the wrapped DNA.
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Is positioning in vivo determined by histone-DNA sequence preferences?

This issue is currently a matter of lively debate with some authors suggesting that DNA 
sequences play a dominant role in positioning (10) while others reject this view (83). 
In general parallel sequencing studies identify an, albeit weak, rotational positioning 
signal of periodic modulations of AA/TT frequency in the population of sequenced 
nucleosome core DNA molecules (9, 10, 67). In addition a DNA signature charac-
teristic of positioned nucleosomes, particularly those in promoter regions, was char-
acterised in a small set of octamer-associated sequences identified in budding yeast 
by partial MNase digestion (51). This ‘signature’ is based on an analysis of sequence 
periodicity signals in DNA corresponding to the patterns observed in chicken eryth-
rocyte nucleosome core particle DNA. It has the form of a low periodicity signal 
at the midpoint of the nucleosomal DNA, flanked on one or both sides by a higher 
average periodicity (Figure 1). Although initially observed in budding yeast this sig-
nature is also found in particular promoter regions of the HIV 5’ LTR (Figure 1).  
Equally importantly, while there is a preferred sequence organization for DNA 
wrapped around the histone octamer certain sequences by virtue of their low anisotro-
pic deformability or high average stiffness may have a lower affinity for the histone 
octamer and may exclude octamer binding under in vivo conditions. Thus in vitro 
poly(dA)(dT) is a poor ligand for the octamer (85) and oligo(dA)(dT) tracts create 
barriers for octamer binding (86). In budding yeast such tracts are found preferentially 
in nucleosome-depleted regions (87, 88). Similarly, some yeast UAS regions contain 
potentially stiff sequences with a high average stacking energy (51). Taking both 
positive and negative factors into account the organization of nucleosomes in budding 
yeast and in Drosophila can be accurately predicted in terms of general location by 
using an algorithm that considers only the physicochemical properties of DNA (89). 

Figure 1:  DNA periodicity profiles. The periodicity index 
Is a measure of coherence of periodicity patterns of e.g., 
AA/TT and GC over a given length of DNA, usually empir-
ically 50 bp. A helical periodicity of ~10 bp is assumed. If 
direction of bending changes, the phase of the periodic 
sequence patterns will change and will interfere with phase 
of adjacent sequences. A high value of the index indicates 
the sequence periodicities are strong and coherent over the 
window chosen. (A) Saccharomyces cerevisiae  recombina-
tion enhancer (reproduced with permission from ref. 51). 
Blue arrows indicate centres of positions mapped by partial 
MNase digestion. Coordinates refer to the nucleotide posi-
tions in the appropriate chromosome. (B) 59 LTR of HIV.  
In vivo (red ellipses) and in vitro (blue ellipse) nucleosome 
positions for HIV are taken from ref. 120. Nucleotide indi-
cates the numbers of nucleotides from the 59 end of the 
LTR. Lh panel: periodicity profile; rh panel: stacking energy 
superimposed on periodicity profile. Note that regions of 
high stacking energy (high negative DG) fall within or flank 
nuclease hypersensitive sites (HS).
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Together these observations suggest that histone-DNA interactions are a determinant, 
and possibly a major one, of positioning in vivo but not necessarily the only one. 

By comparing nucleosome positions in yeast chromatin mapped by parallel 
sequencing with those preferentially occupied on yeast genomic DNA using in 
vitro reconstitution Kaplan et al., (53) concluded that histone-DNA interactions 
were a dominant determinant of positioning in vivo. In contrast using similar tech-
nique Zhang et al., (84) came to the opposite conclusion. These conclusions relate 
primarily to translational positioning. The conclusions drawn from the comparisons 
of in vivo and in vitro positions are subject to two main caveats: the influence of 
MNase on the sampling of the population, as discussed above, and the assumption 
that the relative affinities of different DNA sequences for the histone octamer are 
the same under the chosen in vitro reconstitution conditions as in vivo. 

The nature of the problem can be simply defined. The histone octamer, or tetramer, 
should be regarded as a DNA-binding entity that lacks the capacity for base-spe-
cific recognition (17). Instead the selectivity of octamer binding in vitro, and most 
likely also in vivo, is determined in part, not by a particular defined sequence, but 
by the overall physicochemical properties of the DNA sequence bound (42, 80). 
These physicochemical properties comprise not only the anisotropic or directional 
deformability (27, 28), and the flexibility, but also the torsional flexibility. In prac-
tice this implies, at least in vitro, that the affinity of the octamer for different DNA 
sequences, should spread over a wide range, as indeed is observed (for example, 
refs. 52, 90). Given a sufficiently large number of different DNA sequences this 
range of affinities would become a continuum. This phenomenon is also apparent 
in the DNA-binding properties of certain abundant bacterial proteins that organise 
the DNA in the bacterial nucleoid and which possess little, if any, capacity for 
direct base-specific recognition. For example, H-NS, which can repress transcrip-
tion by stabilising DNA plectonemes (91, 92) and was long considered to bind 
non-specifically to DNA, has recently been shown, like the histone octamer (3), to 
bind with high affinity in vitro to sites that nucleate cooperative binding. Another 
such DNA-bending protein, FIS, with likely only limited base-specific recognition, 
again binds to different DNA sequences over a wide range of affinity (36). 

An additional, and largely neglected, consequence of indirect recognition in 
DNA-protein interactions is that since the physicochemical properties of DNA are 
directly influenced by local changes in its environment, so also will be the interac-
tion of DNA with, for example, the histone octamer. Thus both temperature and 
DNA supercoiling influence the torsional properties of DNA, and hence the elastic 
constants for unwinding and bending, while water activity and temperature can 
influence anisotropic deformability by affecting the structure of the relatively rigid 
oligo(dA)(dT) tracts (93-95). More pertinently contact with histone octamer will 
likely lower the elastic constants for DNA bending and also possibly for torsion 
(47). In the context of nucleosome positioning this means that the relative affinities 
of different DNA sequences for the octamer are not fixed but instead will depend on 
the precise conditions of nucleosome formation. Indeed, the sequence binding pref-
erences of the octamer in vitro have been shown to be dependent on both octamer 
concentration and temperature (48). 

A more realistic way of considering the nucleosome positioning problem might be 
to view the octamer/DNA interaction in terms of a tunable energy landscape that 
is sensitive to variables such as temperature and applied torque. In principle these 
variables could act on the DNA, or the octamer, or both. Discrepancies between 
positions mapped in vitro and in vivo on the same DNA sequences (96, 97) could 
thus simply arise because the energy landscapes for nucleosome formation are dif-
ferent in the two cases. Indeed a much closer correspondence between in vivo and 
in vitro positions has been achieved by reconstituting budding yeast chromatin in the  
presence of ATP and a crude extract from yeast cells (97). This contrasts with in vitro 
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reconstitution methods including the classic salt dilution protocol (86, 96) or the ACF 
remodelling complex (84). This is particularly pertinent in the context of positioning 
in vivo where positioning is maintained by chromatin remodelling complexes and 
RNA polymerase II activity. Removal of remodelling activities in vivo in yeast results 
in changes in nucleosome positions (98, 99) while the packaging of promoter DNA in 
nucleosomes can be dependent on transcriptional activity (70, 100). One remodelling 
complex, RSC, cradles a nucleosome core particle in a pocket (101-103), creating a 
topologically constrained DNA microdomain (104). The DNA translocase activity 
of the remodeling complex applies torque to the core particle which can be manifest 
as local changes in DNA superhelicity (105, 106). Such torque could affect the energy 
landscape of both the wrapped DNA and that in its immediate vicinity, potentially 
changing the preferred position of the octamer by altering the local thermodynamic 
equilibrium, as well as kinetically facilitating octamer sliding. In principle different 
remodellers could apply different amounts of torque and thereby stabilise different 
positions and in some cases, for example the ACF and certain other ISWI-containing 
complexes, could by constraining the inter-nucleosome distance relocate octamers 
to positions that are not necessarily energetically favoured by the physicochemical 
properties of DNA (106-109). In particular, in a repeated array of a strong position-
ing sequence positioning may be dominated by cation-dependent spacing as well as 
by the effects of DNA topology (110). In these examples the regular spacing gener-
ated by the remodelling complexes might stabilise a more regular nucleosome pack-
ing in the form of a compact 30 nm fibre (Figure 2).

The organisation of nucleosomes in vivo

The elucidation of genome-wide positioning maps - for the budding yeast Sac-
charomyces cerevisiae, Drosophila melanogaster, Caenorhabditis 
elegans and Homo sapiens - has revealed some strong similarities in 
nucleosome organization (9, 10, 53, 63-67, 111, 112). Close to the 
transcription site there is a nucleosome-depleted or nucleosome-free 
region flanked downstream, and often upstream, by a well-positioned 
nucleosome. In many cases these nucleosomes constitute the start of 
regular arrays in which positioning becomes less distinct or ‘fuzzier’ 
as the distance from the well-positioned nucleosome increases (9). 
Another complication is the arrays may not be unique in that alternative 
overlapping arrays on the same DNA sequence have been observed, 
particularly in Caenorhabditis elegans and at the CUP1 and HIS3 loci 
in budding yeast (111, 113, 114). 

These patterns address the question raised by Kornberg (115, 116) as to 
whether nucleosome positioning in vivo is ‘statistical’ or specified 
entirely by the physicochemical properties of the DNA sequence. Sta-
tistical positioning postulates the presence of a ‘boundary’ nucleosome 
which specifies one end of an array which is not determined by the phys-
icochemical properties of DNA sequence. The boundary nucleosome 
could be positioned either by a protein or by a strong intrinsic positioning 
sequence or by both. This model is strongly supported by the observed 
organisation patterns in vivo (9, 64). In budding yeast nucleosomes can 
be ordered by a protein - such as the budding yeast α2 repressor (7). 
Similarly in vitro reconstitution argues that energetically unfavourable 
DNA barriers can order nucleosomes (86) - again in agreement with the 
statistical positioning model. Additionally the ‘DNA signature’, based 
on sequence periodicity patterns, occurs preferentially in promoter-
associated nucleosomes in a small set of nucleosomal DNA sequences 
identified by partial MNase cleavage (51). This signature is often less 
prominent downstream of the promoter but in some cases it is found 
within nucleosome arrays - for example at the recombination enhancer 
locus and at the RVS167/SAC7 locus (51). Because the length of the 

Figure 2:  Coupling of nucleosome positioning and chromatin com-
paction. An array with irregular nucleosome spacing can, in principle, 
fold to form a 30 nm fibre with a packing density of ~6 nucs/11 nm. 
When the nucleosomes are regularly spaced at ‘optimal’ distances 
(121) tight stacking of adjacent nucleosomes can occur. With irregular 
spacing tight stacking is precluded because the nucleosomes would be 
inclined at differing orientations to the superhelical axis. The 30 nm 
fibres are represented as 2-start structures with the two helical stacks of 
nucleosomes coloured in red and blue.
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DNA signature associated with a nucleosome is variable and often quite short such 
a motif can, and in one well characterised example is, compatible with the posi-
tioning of overlapping arrays (117). Nucleosome organization in budding yeast 
can thus broadly be described in terms of a statistical model but containing addi-
tional elements associated with a defined nucleosomal sequence organization. The 
extent to which these ‘natural’ positioning elements tune, or even merely fine tune, 
nucleosome organization remains to be established.

This research was reported by the author in part at Albany 2009: The 16th  
Conversation (118).
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